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Abstract The bacterial BcsA-B cellulose synthase

synthesizes cellulose II when immobilized on nickel

surfaces. To explore how lignin interacts with cellu-

lose, lignin was polymerized either during or after

cellulose formation from surface immobilized BcsA-

B, leading to significant alterations in cellulose and

lignin morphology. To facilitate lignin detection,

polymerized coniferyl alcohol monolignols were

detected by lignin autofluorescence. This compound

was previously demonstrated as a suitable lignin

monolignol exhibiting autofluorescence that enables

lignin detection even at low concentrations. Cellulose

and lignin coated nickel surfaces were studied under

confocal microscopy, as well as by atomic force

microscopy and X-ray diffractometry (XRD). As a

consequence of simultaneous lignin and cellulose

deposition on the surface, cellulose microfibril mor-

phology was altered. XRD data indicated that cellu-

lose crystal size was significantly decreased by

polymerized lignin incorporation, suggesting that

simultaneous lignin polymerization prevents the

proper assembly of cellulose microfibrils. In contrast,

polymerizing lignin after cellulose synthesis yielded a

cellulose that was very similar in character to control

(lignin-free) samples in terms of crystal morphology.

Keywords Cellulose synthase � HRP peroxidase �
Cellulose–lignin interaction � Autofluorescence �
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Introduction

Lignin is a phenylpropanoid polymer that is abundant

in the secondary cell walls of plants. Wall lignification

was directed by the oxidative polymerization of

monolignols, principally coniferyl alcohol (CA) and

sinapyl alcohol, typically with minor amounts of

p-coumaryl alcohol (Boerjan et al. 2003). Lignin binds

through various chemical interactions (hydrogen

bonding and covalent linkages) to plant polysaccha-

rides, providing rigidity to plant cell walls (Liyama
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et al. 1994; Chabannes et al. 2001; Jin et al. 2006;

Yuan et al. 2011; Zhang et al. 2015).

There is some debate as to what controls lignifica-

tion in plant cell walls. One hypothesis is that lignin

polymerization initiates at a limited set of dirigent

sites in the cell wall, where short primary lignin

sequences polymerize. Each primary sequence acts as

a template for further polymerization, creating well-

defined sets of lignin chains (Guan et al. 1997; Chen

and Sarkanen 2004; Davin and Lewis 2005). However,

supporting evidence for this hypothesis is limited.

Another hypothesis is that lignin polymerization is a

more random, chemically driven process, occurring

when monolignols were converted into radicals and

polymerize into lignin in the presence of active

peroxidases or laccases (Harkin and Obst 1973; Ralph

et al. 2004, 2008). Oxidative combinatorial coupling

of monolignols, catalyzed by endogenous or cell wall-

localized peroxidases (Vanholme et al. 2012), drive

lignin polymerization. Recent studies have demon-

strated the efficacy of horseradish peroxidase (HRP) in

generating in vitro DHP (dehydrogenative polymers)

lignin in the presence of natural, as well as synthetic or

modified monolignols (e.g. coniferyl alcohol), in the

presence of H2O2 (Ralph et al. 2001; Bukowski et al.

2014). In some cases, modified or synthetic monolig-

nols can be readily incorporated into DHP lignin in a

way that mimics natural monolignol polymerization

(Tobimatsu et al. 2011, 2013; Bukowski et al. 2014),

although this is not always the case (Pandey et al.

2015).

In vascular plants, lignin is interspersed with

polysaccharides to form a strong and hydrophobic

cell wall matrix (Vanholme et al. 2010). Although

secondary cell walls in plants have been the subject of

intense study due to their utility as building materials

and, potentially, bioenergy precursors, many of the

details of the nanoscale distribution of lignin, the

molecular mechanisms of lignin polymerization, and

how polymerizing lignin interacts with other wall

components on a spatiotemporal basis remain unclear.

Spectroscopic and imaging approaches have

become increasingly powerful tools to understand

biological processes at the subcellular and nano scales.

Recently, Ralph and co-workers investigated lignin

polymerization using fluorophore-tagged monolignols

(Tobimatsu et al. 2011, 2013).

To investigate the effects of lignin polymerization

on the biosynthesis of pure cellulose, coniferyl alcohol

monolignol was used to observe the morphology and

distribution of both lignin and bacterial cellulose

synthesized by nickel surface tethered histidine tagged

BcsA-B cellulose synthase, a newly developed

enzyme system that allows for cellulose organization

in vitro (Basu et al. 2016). This experimental system

allows dissecting the effects of these two biopolymers

on one another during and after polymerization.

Alterations in cellulose morphology followed by

crystal structure when lignin was polymerized during

and after cellulose synthesis were revealed using

confocal microscopy, atomic force microscopy

(AFM) and X-ray diffraction (XRD) techniques.

Materials and methods

Sputter deposited nickel thin films on Si substrates

Nickel (Ni) thin film of * 50 nm was deposited by

using a Kurt J. Lesker CMS-18 DC (MRI, Penn State

University, USA) sputtering system. The sputter

sources were optimized to have a uniform coverage

over a 15.24 cm diameter Si wafer. The base pressure

of the vacuum chamber was below 2.0 9 10-7 torr.

The films were deposited for 500 s at room temper-

ature at an argon pressure of 5 mtorr, and power was

maintained at 200 W for the Ni target. The growth rate

at these conditions was around 0.1 nm/s. To maintain

film uniformity, the substrate stage was rotated during

deposition. Before every deposition sputter cleaning

of the targets was performed. The target substrate

distance was fixed at 15.24 cm. After Ni coating, the

15.24 cm Ni coated wafer was broken into small

sample substrates (1.0 cm2), which were stored under

vacuum to prevent oxidation.

BcsA-B enzyme expression and purification

The Rhodobacter sphaeroides cellulose synthase

BcsA-B enzyme complex was expressed and purified

using metal affinity and gel filtration chromatography

in the detergent 1 mM LysoFos Choline Ether 14

(LFCE14) as described before (Morgan et al. 2013).
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Immobilization of BcsA-B enzyme on Ni thin film

and cellulose synthesis

Purified His-tagged BcsA-B enzyme (25 lg) was

incubated with the Ni thin film for 30 min at room

temperature to allow for immobilization via the poly-

His tag on the BcsA subunit. Non-specifically bound

protein was removed by washing in the presence of

buffer A (25 mM sodium phosphate pH 7.4, 0.1 M

NaCl, 5 mM cellobiose, 10% glycerol, 1 mM

LFCE14). Immobilized BcsA-B was incubated in the

presence of the Ni-coated substrate, along with

5.0 mM UDP-Glc, 30 lM c-di-GMP, and 20 mM

MgCl2 in buffer A at 37 �C for 60 min to synthesize

cellulose. The polymerization reaction was terminated

with 40 mM EDTA (Basu et al. 2016, 2017).

Immobilization of GFP-12xHis-HRPC1 enzyme

on Ni thin film

Different amounts of purified GFP-12xHis-HRPC1

enzymes (0.5–1.0 lg) (GenScript, NJ, USA) were

incubated with the Ni thin film for 30 min at room

temperature to allow for immobilization via the poly-

His tag of the HRPC1 subunit. Non-specifically bound

protein was removed by washing in the presence of

PBS buffer (50 lL 9 4).

Lignin synthesis using surface tethered GFP-

12xHis-HRPC1 enzyme

DHP lignin synthesis was performed by using immo-

bilized GFP-12xHis-HRPC1 on Ni surface. Horse-

radish peroxidase (HRPC1) was tagged with green

fluorescence protein (GFP) followed by twelve his-

tidine amino acid residues. 1.0 mM coniferyl alcohol

monolignol containing 1.0 mM H2O2 was added

gradually (0.5 lL/min) from the start of cellulose

synthesis initiation (0 min) in the presence of 0.1 lg
GFP-12xHis-HRPC1 on Ni surface. Two separate

control experiments were done in the absence of

coniferyl alcohol (Fig. 2) and GFP-12xHis-HRPC1

(Fig. 3), respectively. Lignin polymerization was

terminated by washing away monolignols and

tagged-HRP using PBS buffer (50 lL 9 4).

Simultaneous polymerization of lignin

and cellulose (Sim)

1.0 mM coniferyl alcohol monolignol containing

1.0 mM H2O2 was added gradually (2.0 ll/min) from

the start of cellulose synthesis initiation (0 min) in the

presence of 0.1 mg/mL horseradish peroxidase or

HRP (Merck, USA). This HRP enzyme was not GFP-

12xHis tagged. Control sample contained the same

components except for HRP. The cellulose polymer-

ization reaction was terminated by adding 40 mM

EDTA at 60 min. Lignin polymerization was termi-

nated by washing away monolignols and HRP using

PBS buffer (50 lL 9 4).

Lignin polymerization post-cellulose synthesis

(Post)

In a second series of samples, lignin polymerization

was performed after cellulose synthesis. After cellu-

lose synthesis was quenched by using EDTA (see

above), 1.0 mM coniferyl alcohol containing 1.0 mM

H2O2 and 0.1 mg/mL HRP enzyme (non GFP-12xHis

tagged) were added to the cellulose on the Ni film and

incubated at 37 �C for 60 min. After lignin polymer-

ization, the Ni film was washed with PBS buffer

(50 lL 9 4). Controls lacked HRP.

Radioisotope assay

Cellulose synthesis in the presence of hydrogen

peroxide (1 mM) alone was measured by radioisotope

assay as previously described (Omadjela et al. 2013).

In brief, 1.0 lmol of purified BcsA-B enzyme was

incubated with 5.0 mM UDP-Glc, 30 lM c-di-GMP,

20 mM MgCl2, 0.01 lCi/lL UDP-[3H]-Glc and

increasing concentration of hydrogen peroxide

(0–1 mM). Each hydrogen peroxide concentration

was tested in duplicate. Reaction mixture was incu-

bated at 37 �C for 60 min to synthesize cellulose.

Insoluble reaction product was purified by descending

paper chromatography and quantified using scintilla-

tion counting.

Cellulose labeling with S4B dye

Samples (Sim and Post) were labeled with Pontamine

Fast Scarlet 4B (S4B, aka Direct Red 23, Sigma

212490), a dye that interacts specifically with cellulose
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(Anderson et al. 2010). To label with S4B dye, after

the samples were washed with PBS buffer (50 lL 9

4), they were transferred to 50 lL of 0.01% (w/v)

S4B solution in PBS buffer. Labeling was performed

at 25 �C in the dark for 30 min followed by washing

with PBS (50 lL 9 4).

Confocal imaging

Fluorescence of GFP tagged 12xHis-HRPC1 protein

was examined with a Zeiss Cell Observer SD spinning

disk fluorescence confocal microscope using 488 nm

excitation laser (20% power, 100 gain, and 200 ms

exposure time). 535/40 emission filter with a 1009 1.4

NA oil immersion objective was used for confocal

imaging experiment to detect GFP green fluorescence

color.

Lignin autofluorescence was examined with a Zeiss

Cell Observer SD spinning disk fluorescence confocal

microscope using 405 nm excitation laser (100%

power, 100 gain, and 400 ms exposure time) and a

450/50 nm emission filter with a 100 9 1.4 NA oil

immersion objective. Lignin autofluorescence was

also studied by confocal microscope using 488 and

561 nm excitation lasers (20% power, 100 gain, and

200 ms exposure time). 535/40 and 617/73 emission

filters with a 100 9 1.4 NA oil immersion objective

were used for confocal imaging experiments to detect

green and red fluorescence colors, respectively. Flu-

orescence due to S4B-labelled cellulose in different

samples was observed using 561 nm excitation (20%

power, 100 gain, and 200 ms exposure time). Maxi-

mum projections of collected z series were generated

using ImageJ, adjusting image brightness equally for

all images to maintain constant relative fluorescence

intensities.

Sample preparation for AFM, XRD studies

In case of AFM and XRD studies, monolignol-treated

cellulose samples from both Sim and Post experiments

were used. For AFM, samples were washed in the

presence of sterile, filtered deionized water (DI) for

10 min on a shaker at 150 rpm followed by drying

under gentle flow of N2 gas at room temperature just

before AFM imaging. Control cellulose samples were

not treated with monolignols. For XRD, samples were

collected from the Ni film surface and centrifuged at

14,000g at room temperature for 20 min. The

supernatant was discarded, and the pellet was washed

twice in 500 lL sterile DI water (filtered), freeze dried

for 12 h, and stored at 4 �C before XRD experiments.

Atomic force microscopy (AFM)

Dried samples were imaged with a Dimension Icon

Atomic Force Microscope (Bruker, CA, USA) oper-

ated in ScanAsyst and PeakForce Tapping mode.

Nanoscope (v 8.10b44) and Nanoscope Analysis (v

1.40) software were used for AFM operation and

image analysis. SCANASYST-AIR? probes (Bruker,

CA, USA) with a spring constant 0.4 N/m, deflection

sensitivity factor of 60 nm/V, and tip radius of 2 nm

(nominal) were used for all experiments. All samples

were scanned at 512 9 512 sampling rates. The scan

size, scan rate, and peak force set points were

2 9 2 lm, 0.5 Hz, and 500 pN, respectively. The

cross-section/diameter of the cellulose fibers was

calculated using the step method tool available in

Nanoscope Analysis software (v 1.40). Before step

analysis, the ‘Flatten’ tool was applied to every image.

Step analysis makes relative height measurements

between two regions (steps) on sample surfaces and

works with an averaging box cursor drawn on the

cellulose fibril surface of interest to determine average

height. Average height measurements were performed

for 25 different spots in each image. Cross-section and

length measurements were obtained from the height

mode AFM images for each sample.

X-ray diffraction (XRD)

Crystalline structures of freeze dried samples (Sim and

Post) were analyzed by X-ray diffraction using a

Rigaku DMAX-Rapid II Microdiffractometer with

CuKa radiation having a wavelength k = 0.15406 nm

generated at 50 kV and 40 mA in transmission

geometry. A 0.3 mm collimator was used. The data

were integrated (intensity vs. 2h) with a step size of

0.02� across the range 5�–40� 2h using AreaMax

(Rigaku software).

The dimension of the crystal perpendicular to the

diffracting planes with hkl Miller indices, Bhkl, was

evaluated by using Scherrer’s expression Eq. (1)

(Nieduszynski and Preston 1970) after linear baseline

correction using MDI Jade 2010 software (Materials

Data, Inc., Livermore, CA).
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Bhkl ¼
Kk

ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi

D2hð Þ2� D2hinsð Þ2cosh
q ð1Þ

Bhkl is the average crystalline width at (110) plane,

K is the shape factor (K = 0.9), k is the wavelength of

incident X-rays (k = 0.15406 nm), h is the Bragg

angle, D2h is the FHWM of the reflection peak and

D2hins is the instrumental broadening. Instrumental

broadening was determined from the FWHM of four

reflections of a silicon standard (NIST Si 640).

Results

Polymerized lignin synthesized by surface tethered

GFP-12xHis-HRPC1

Previous studies demonstrated that coniferyl alcohol is

compatible with horseradish peroxidase (HRP)-cat-

alyzed DHP lignin polymerization in vitro (Bukowski

et al. 2014). The NMR spectrum reported that DHP

lignin generated from coniferyl alcohol, maintaining

the fidelity of in vitro lignification (Bukowski et al.

2014). The successful immobilization of different

amount (0.05–1.0 lg) of GFP-12xHis-HRPC1 protein
on Ni surface was observed at 488 nm excitation

(Fig. 1a–c).

Lignin autofluorescence was observed using 405

and 561 nm excitation, respectively (Fig. 2f, g).

Immobilized GFP-12xHis-HRPC1 showed green aut-

ofluorescence at 488 nm excitation in the presence of

tagged GFP protein (Fig. 2a, e). No lignin autofluo-

rescence was observed in the absence of coniferyl

alcohol (Fig. 2b, c).

Lignin autofluorescence was not observed in the

absence of GFP-12x-HRPC1 enzyme on Ni surface

(Fig. 3a–c) and confirms that HRPC1 enzyme along

with monolignols are essential for lignin

polymerization.

Lignin-cellulose interaction in Sim and Post

cellulose synthesis processes

To investigate the lignin autofluorescence at 488 nm

excitation, non-GFP tagged HRP protein was used for

the remaining studies mentioned below. In this study,

using fluorescence imaging, we evaluated the mor-

phology of lignin polymerized either during (Sim) or

after (Post) cellulose biosynthesis on Ni films. In both

processes (Sim and Post), lignin autofluorescence was

observed at 405, 488 and 561 nm excitation (Fig. 4a–

c, e–g). The 405, 488 and 561 nm fluorescence

patterns were similar, suggesting that all autofluores-

cence colors (blue, green, and red) were generated due

to the lignin autofluorescence.

Cellulose did not show any autofluorescence (data

not shown). In the absence of HRP enzyme, as

expected, no lignin polymerization was detected

(Fig. 3a–c). The existence of cellulose on the nickel

surface was detected by the red fluorescence of

Pontamine Fast Scarlet 4B (S4B) at 561 nm excitation

due to the interaction between cellulose and S4B dye

(Fig. 5c, g).

S4B red fluorescence was enhanced specifically in

the presence of cellulose and the dye was used here to

identify the spatial distribution of cellulose on the Ni

film. In these samples, lignin was not labeled, since

S4B and lignin both fluoresce at 561 nm. Polymerized

lignin was noted via autofluorescence at 561 nm

(Fig. 4c, g), though the fluorescence was very dim

compare to S4B fluorescence intensity (Fig. 5c, g)

(Table 1).

Fig. 1 Green autofluorescence (488 nm excitation) of GFP tagged 12xHis-HRPC1 protein, a 1.0 lg, b 0.1 lg, c 0.05 lg of GFP-

12xHis-HRPC1 protein. Scale bar size: 10 lm
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Coniferyl alcohol along with S4B staining revealed

the co-localization of polymerized lignin and cellulose

(Fig. 5).

Effect of lignin incorporation on nanoscale

cellulose morphology (Sim and Post)

AFM images explore the changes in cellulose mor-

phology associated with lignin incorporation. To

probe the nanoscale morphology of our reaction

products, AFM imaging was used to examine whether

cellulose morphology was altered upon lignin poly-

merization, for Sim and Post cellulose biosynthesis.

As a result of simultaneous lignin polymerization,

cellulose morphology was significantly affected

(Fig. 6a vs. b).

Cellulose in the presence of polymerizing mono-

lignols consisted of poorly defined networks of fibrils

with discrete rough surfaces (Fig. 6b) compared to the

controls, which showed well-defined, branching fibril

networks (Fig. 6a). Moreover, H2O2 (1 mM) alone in

the absence of monolignols did not affect the cellulose

Fig. 2 Lignin synthesis in the presence of GFP-12xHis-HRPC1

protein and coniferyl alcohol monolignols. Lignin autofluores-

cence were observed at 405 (f) and 561 nm (g), respectively. No
lignin auto fluorescence was observed in the absence of

coniferyl alcohol (b–c). GFP-12xHis-HRPC1 green fluores-

cence were observed at 488 nm excitation (a, e). d and h were

merged images. Scale bar size: 10 lm

Fig. 3 Investigation of Lignin synthesis in the absence of GFP-

12xHis-HRPC1 protein on Ni surface. No lignin autofluores-

cence were observed at 405 (b) and 561 nm (c) excitation,

respectively. Green fluorescence (488 nm excitation) of GFP

protein was not observed in the absence of GFP-12xHis-HRPC1

on Ni surface (a). Scale bar size: 10 lm
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Fig. 4 Simultaneous polymerization of lignin and cellulose

(Sim). Lignin autofluorescence was observed at 405 (a), 488
(b) and 561 nm (c), respectively. Lignin polymerization post

cellulose synthesis (Post); Lignin autofluorescence was

observed at 405 (e), 488 (f) and 561 nm (g), respectively.

d and h were merged images. Scale bar size: 10 lm

Fig. 5 Simultaneous polymerization of lignin and cellulose

(Sim); a autofluorescence of lignin (405 nm excitation),

b autofluorescence of lignin (488 nm excitation), c fluorescence
of S4B and cellulose interaction (561 nm excitation). Lignin

polymerization post cellulose synthesis (Post);

e autofluorescence of lignin (405 nm excitation), f autofluores-
cence of lignin (488 nm excitation), and g fluorescence of S4B

and cellulose interaction (561 nm excitation). d and h were

merged images. Scale bar: 10 lm
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synthesis (* 20% reduction) significantly (Fig. 7).

Disintegrations per minute (DPM) quantifies the

amount of 3H-labeled cellulose formed after each

H2O2 (0–1 mM) titration (Fig. 7).

Moreover, 20% reduction in cellulose synthesis

does not confirm the effect of the hydroxyl radicals on

BcsA-B enzymatic activity but could be also due to the

oxidation of nucleotide base present in c-di-GMP and

UDP-Glc since hydroxyl radicals can oxidize nucleo-

tide (Balasubramanian et al. 1998).

The cross-sectional diameters of fibrils generated

with simultaneous lignification were 5–10 nm

(7.5 ± 2.5 nm) whereas control fibril diameters were

8–11 nm (9.5 ± 1.5 nm). In comparison, for Post

cellulose synthesis, cellulose fibrils were thicker than

in controls, possibly due to the deposition of poly-

merized DHP lignin on the cellulose surface (Fig. 6c).

Globular structures were also more prevalent in the

Post system in which polymerized lignin was

deposited on cellulose fibrils than in controls and

Sim samples. The cross-sectional range of the lignin

deposited fibrils was 12 ± 4 nm, in comparison to the

control (9.5 ± 1.5 nm).

X-ray diffraction analysis

To analyze the crystal structure of the cellulose

produced in the presence of DHP lignin (Sim and

Post), XRD technique was considered. Previous study

showed that BcsA-B forms cellulose II crystals on Ni

films that show three characteristic peaks at 12.1 (1-

Table 1 Fluorescence integrated density or IntDen (sum of

the pixel values)

Figure IntDen

Figure 4c/g 48316/57546

Figure 5c/g 194998/325249

Fig. 6 a Cellulose microfibrils synthesized by BcsA-B syn-

thase enzyme in the presence of UDP-Glc, c-di-GMP and Mg2?

ions. b Effect of polymerized lignin incorporation during

cellulose synthesis (Sim). c Effect of polymerized lignin

incorporation post cellulose synthesis (Post). Image size

2 9 2 lm

Fig. 7 Effect of H2O2 on cellulose synthesis. DPM: Disinte-

grations per minute

Table 2 Effect of polymerized lignin on cellulose II crystal

structure

Sample B110 (nm)

Peak deconvolution

Sim 2.4 ± 0.2

Post 5.9 ± 0.2
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10), 20.0 (110), and 21.8� (020) (Basu et al.

2016, 2017). In the absence of DHP lignin, the crystal

size was 6.0 nm (Basu et al. 2016). Moreover, in the

Post system, cellulose II showed almost similar crystal

size, 5.9 nm (Table 2), which suggests that lignin

polymerization after cellulose synthesis did not appear

to significantly alter the cellulose crystal structure by

XRD.

However, simultaneous lignin polymerization

(Sim) showed significant increase in peak width at

the (110) plane angle (Fig. 8), indicating a reduction in

the lateral dimensions of the cellulose crystallites. The

crystal size was very small (2.4 nm) (Table 2).

Discussion

Lignin, a major non-carbohydrate polymer in ligno-

cellulosic plant biomass, restricts the action of

hydrolytic enzymes in the enzymatic hydrolysis of

lignocellulosic feedstock to make value added prod-

ucts (e.g. biofuels) (Zeng et al. 2014). Therefore, the

interactions between lignin and cellulose are key

factors in achieving the goal of efficient degradation of

lignocellulosic biomass. Previous computational stud-

ies have already shown electrostatic dipole–dipole

interactions between polymerized lignin and cellulose

microfibrils, as well as interactions between the phenyl

ring of lignin and free hydroxyl groups of cellulose

microfibrils (Houtman and Atalla 1995). Despite this

growing body of knowledge, in vitro interactions

between lignin and cellulose have not been fully

explored at the nanoscale. Using in vitro-synthesized

cellulose and polymerized lignin can provide some

important insights in this regard.

Previous studies have already shown that only

coniferyl alcohol could synthesize in vitro DHP lignin

in the presence of HRP-H2O2 (Houtman and Atalla

1995; Wang et al. 2013). In the present study,

coniferyl alcohol was also capable of producing

polymerized lignin in the presence of HRP-H2O2 that

was detectable by autofluorescence at 405, 488 and

561 nm, respectively. Lignin blue autofluorescence is

a well known feature (Tobimatsu et al. 2011, 2013;

Bukowski et al. 2014), however recent studies have

also documented the lignin autofluorescence at 488

(green) and 561 nm (red), respectively (Donaldson

and Williams 2018; Mao et al. 2019). Therefore, this

autofluorescence is characteristically multimodal,

indicating the presence of multiple fluorescent struc-

tures within the lignin molecule (Radotić et al. 2006;

Donaldson et al. 2010).

The alterations or discontinuity in cellulose syn-

thesis observed in Sim process might have arisen by

disrupting hydrogen bonding or van der Waals inter-

actions in cellulose microfibrils in the presence of

polymerized lignin and affects cellulose crystalliza-

tion. Cellulose synthesis could be also partially

regulated by HRP and hydrogen peroxide (H2O2)

since H2O2 alone (1 mM) reduced cellulose amount

by 20%.

XRD is a reliable method to understand the

cellulose crystal structure and its changes under

different conditions and treatments. Recent results

indicate that lignin plays a key role in preventing

cellulose crystallite co-crystallization in wood sam-

ples (Sun et al. 2014). During cellulose synthesis,

incorporation of polymerized lignin to BcsA-B syn-

thesized cellulose (Sim) also showed significant

reduction in crystal size (& 60%) compare to the

Post sample (Table 2), supporting the result shown by

Sun et al. (2014). However, the incorporation of

polymerized lignin post cellulose synthesis (Post) did

not show any significant alteration in the crystal

structure of cellulose (Table 2).

The above results could suggest that polymerized

lignin interferes with cellulose crystallization or

microfibril aggregation by disrupting van der Waals

forces and hydrogen bonding interactions between the

nascent glucan chains or fibrils, thus reducing the

crystal size. This interaction was not a controlling

factor in cellulose allomorph formation, as bacterial

Fig. 8 X-ray diffraction study to investigate the effect of

polymerized lignin during (Sim) and post (Post) cellulose

synthesis
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cellulose Ia did not form when polymerized lignin was

introduced into this system. The experimental findings

are strongly suggesting that allomorph formation in

plant cellulose (Ib) is driven by cellulose synthase

complex structure and the associated biosynthesis

rather than simultaneous or post-polymerization inter-

actions with lignin in the plant cell wall.

Conclusion

The results of this study reveal significant effects of

simultaneous lignin polymerization on the crystal

structure of in vitro-synthesized cellulose microfibrils,

implying that the two processes of cellulose deposition

and lignification, which are separated in time during

secondary cell wall synthesis in plants (Cano-Delgado

et al. 2003; Hematy et al. 2007), might interfere with

one another if they occurred at the same time. These

results point toward the possibility of manipulating the

relative timing of cellulose deposition and lignin

polymerization to enhance lignocellulosic biomass

degradability without altering the relative amounts of

these components, aiding in efforts to produce value-

added products from naturally synthesized polymers.

Nevertheless, a detailed study in the presence of

hydrogen peroxide and HRP enzyme is highly recom-

mended in the future to reveal the effect of the higher

amount of hydroxyl free radicals on cellulose struc-

tural alteration.
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